Introduction
Skeletal muscle comprises 35-40% of the entire human body weight and functions to generate forces that enable respiration, posture, and locomotion. [1] Healthy skeletal muscle can fully regenerate from small lacerations and tears caused by everyday activity owing to the presence of resident muscle stem cells called satellite cells (SCs). [2] Decreased ability of muscle to selfrepair, either due to aging, [3] genetic diseases, [4] or volumetric muscle loss (VML), can result in debilitating myopathies that severely impact quality of life or shorten lifespan. [5] Traditionally, small animal models and 2D cell cultures have been used to study biological processes and identify and validate pharmacological compounds to treat skeletal muscle disease. [6, 7] While these models have enabled numerous discoveries and improved our knowledge of muscle biology, their translational value has progenitors. [19] The somite then develops into two distinct compartments, the ventral sclerotome that gives rise to cartilage and bone, and the dermomyotome that gives rise to skeletal muscle, brown fat, and dermis of the back. [20] The dermomyotome consists of three distinct divisions, the central dermomyotome (which gives rise to brown fat, back dermis, and trunk muscles), the dorsomedial lip, and the ventrolateral lip. [16, 19] The first muscle mass to form is the myotome, which forms from the delamination and migration of MPCs from the dorsomedial and ventrolateral lips. [21] Transcription factor Pax3, which is initially expressed in paraxial mesoderm progenitors, becomes restricted to the dermomyotome and induces expression of c-met, the functional receptor for HGF/SCF. [22] Mice that do not express Pax3, c-met, or HGF do not form musculature due to the lack of migration and delamination that precludes myotome development. [21] The myotome itself can be divided into an epaxial region, which gives rise to the muscles of back, and a hypaxial region that gives rise to other trunk muscles and the limb bud. [21] 
Skeletal Muscle Differentiation
Skeletal muscle commitment and differentiation of is regulated by the myogenic regulatory factor (MRF) family of basic helix loop helix transcription factors Myf 5, MyoD, Mrf4, and myogenin. [23] Myogenic commitment only occurs after somatic cells migrate into the myotome where Pax3 expression is downregulated and Myf5, MyoD, and Mrf4 are upregulated to generate committed embryonic myoblasts. [24] [25] [26] Muscle formation is prevented if all three but not two of these transcription factors are deleted, indicating their redundancy and overlapping functions. [24, 25, 27] Following commitment to the myogenic lineage, terminal muscle differentiation requires the expression of myogenin that acts co-operatively with MyoD and Mrf4 to promote the fusion of myoblasts into multinucleated myotubes. [28, 29] Following the formation of primary myotubes, the central dermomyotome loses its epithelial character and Pax3 + /Pax7 + cells migrate into the myotome. [30] These cells then either retain Pax7 expression to become adult muscle stem cells or commit to differentiation and provide fetal myoblasts to generate secondary myotubes that complete embryonic and fetal muscle development. [26, 30, 31] 
Primary Myotube Formation
Primary myotubes are the first muscle fibers to form by the fusion of embryonic myoblasts that span from tendon to tendon in all animals, [32] and continue to grow from fusion of fetal and adult myoblasts in the postnatal period. [33] In small rodents this process occurs in 2 d but in humans and large animals the period of primary myotube formation can last up to 7 d to accommodate the need for larger numbers and length of primary myotubes. [34] While primary myotubes ultimately comprise only a minority of final adult myofiber numbers, they provide the structural support for the development of secondary myotubes and are critical for muscle development.
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Secondary Myotube Formation
Secondary myotubes form by the adhesion of fetal myoblasts to primary myotubes and the subsequent fusion of additional myoblasts along the length of the primary myotube to form a new, secondary myotube. [35] In small animals, secondary myotubes grow longitudinally along the primary myotube by cell fusion to span from tendon to tendon, but in larger animals secondary myotubes may form intramuscular myo-myonal junctions and not span from tendon to tendon. [36] The number of secondary myotubes that can form along a primary myotube determines the final muscle size, with 5 to 9 formed in small animals, [37, 38] and more than 20 in large animals. [34, 38, 39] While the final number of primary myotubes can give an indication of the final muscle fiber number, it is the number of secondary myotubes able to form around a single primary myotube that is the main determinant of final muscle size across species.
Innervation is critical for complete muscle development to occur, with axons entering the premuscle mass before myotube formation begins. [37, 40] Innervation has the most profound effect on muscle development with denervation almost completely preventing and hyperinnervated muscle increasing secondary myotube formation. [40] The final critical step in adult muscle formation leading to normal innervation is motoneuron death. Skeletal muscle activity regulates motor neuron survival with increasing levels of muscle activity decreasing motor neuron survival. [41] Primary myotubes are polyneuronally innervated and massive motor neuron death occurs during late embryonic and early postnatal development until all myotubes display single motor neuron innervation. [37, 40] 
Postnatal Muscle Growth
Postnatal growth of skeletal muscle is characterized by an increase in the length and cross-sectional area (hypertrophy) of myofibres. The continuous passive tension applied to skeletal muscle by bone growth and elongation during embryogenesis and neonatal development increases muscle weight, muscle length, and myofilament organization. [42] Muscle hypertrophy occurs by the continual fusion of new myoblasts, as evidenced by the increases in myotube nuclei up to three months postnatally, [43] and by increased cytoplasmic volume per myonucleus. [44] At birth, satellite cells comprise ≈30% of sublaminal nuclei in newborn mice but this number drops to 2-5% in adult mouse muscle as the myonuclei number per fiber increases. [45] Currently, the postnatal muscle growth period is the least characterized stage of muscle development with the mechanisms by which final satellite cell number is achieved remaining largely unknown. In conjunction with increase in murine postnatal muscle size, motor nerve activity and locomotor ability increase throughout postnatal development, both reaching adult levels by postnatal day 21. [46] [47] [48] Neural input regulates muscle fiber phenotype, with slow fiber neural input typically displaying a chronic tonic activation pattern and fast fiber input showing infrequent phasic activity. [46] [47] [48] 
Muscle Architecture and Contractile Function

Extracellular Matrix Composition in Development and Growth
Skeletal muscle is composed of two major ECM structures, the basal lamina and intramuscular connective tissue (iMCT). [49, 50] The basal lamina interacts directly with muscle cells and provides a supportive scaffold to spatiotemporally regulate muscle progenitor migration, proliferation, differentiation, and quiescence. [50] Throughout all stages of muscle development, the basal lamina consists of a predominantly laminin-rich matrix, collagen IV, nidogen/entactin, and perlecan. [50, 51] Within the somite, dermomyotome, and myotome, the developmental laminins-111 and 511 are the predominant laminin isoforms that generate the myotomal basement membrane, which itself is surrounded by a fibronectin matrix. [52, 53] Prior to MyoD expression, α6β1 integrin is the predominant integrin expressed in epaxial muscle progenitors and is required, along with laminin-111, for proliferation and maintenance of an undifferentiated state in epaxial MPCs. [52, 53] Upon MyoD expression, α6β1 integrin is replaced with α7β1 integrin as myoblast fusion occurs and primary myotubes form. [54, 55] In contrast, migration and proliferation of hypaxial MPCs are dependent upon fibronectin and the fibronectinbinding alpha 4 and alpha 5 integrins. [55, 56] In both epaxial and hypaxial muscles, laminin-111 and fibronectin are gradually replaced by the mature muscle laminin-211 isoform upon myotube formation that persists throughout adulthood. [54, 57] The iMCT surrounds the basal lamina and acts to transmit forces exerted passively among muscle fibers and to transmit forces to the tendon for muscle movement. [49] The iMCT is composed of three layers, 1) the endomysium that ensheathes individual skeletal muscle fibers, the basal lamina, capillaries, and nerves and is composed of randomly aligned collagen fibers to permit movement; 2) the perimysium, a multilayered sheet of collagen fibers, that runs transversely to groups of skeletal muscle fibers that it encloses; and 3) the epimysium, which encloses the entire skeletal muscle mass and is typically formed of two wavy sheets of collagen fibrils. [49, 58, 59] Figure 1 . Skeletal muscle development and specification. Schematic shows the developmental stage (top), factors that regulate developmental transitions (above arrows), and characteristic transcription factors and other muscle-specific proteins expressed at different developmental stages (bottom). Wnt and FGF signals primarily regulate differentiation to the paraxial mesoderm and muscle progenitor stage. Upon differentiation, activated myoblasts fuse together while a subset of muscle progenitors (yellow cells) does not differentiate but resides on the outside of the myofiber to contribute to future muscle regeneration events.
amounts of type II, V, VI, IX, XII, and XIV collagen expressed in a muscle and species-specific manner. [49, 58, 59] During bovine muscle development, the collagen fibrils bind more tightly together in the endomysium, become thicker in the perimysium, and form a more regular wavy pattern in the epimysium. [59] These structural changes and increases in collagen cross-linking density and number lead to progressive increases in the mechanical strength of the iMCT during development and the early postnatal period. [58] [59] [60] [61] [62] [63] 
Myofiber Structure
Adult skeletal muscle tissue exhibits highly ordered architecture, which allows the generation of force and movement for posture and locomotion. At the ultrastructural level, myofibers in skeletal muscles consist of spatially registered sarcomeres, basic contractile units containing a central myosin-rich dark anisotropic (A) band and two actin-dominated light isotropic (I) bands. [64, 65] At the junction of the A and I bands are the transverse tubules (T-tubules), a branched network of membrane invaginations that run along the whole length of the myofiber and enable efficient delivery of calcium to the sarcomere from sarcoplasmic reticulum (SR). [66] Where the T-tubules and SR meet, the SR membrane enlarges, fuses, and forms expanded chambers called terminal cisternae that contain high levels of calcium necessary for muscle contraction. [67] At the micro and macroscopic scale, multinucleated skeletal muscle fibers range from millimeters to centimeters in length while being densely packed with sarcomeres.
Regulation of Force Generation
Upon release of calcium from SR into myofibrils, calcium binds to troponin C causing a conformational change that removes tropomyosin from the myosin allowing actin to bind to myosin. This is followed by adenoside triphosphate (ATP) hydrolysis resulting in a conformational change, called the power stroke, that pulls actin along the myosin toward the center of the sarcomere, shortening the sarcomere and generating muscle contraction. [68] For muscle relaxation, calcium is actively pumped back into the SR by the sarcoplasmic-endoplasmic reticulum Ca 2+ ATPase pumps. Removal of calcium from cytoplasm and dissociation from troponin and tropomyosin results in reblocking of the myosin binding sites.
Skeletal muscle force output is primarily regulated by the neural input into the muscle via summation and motor unit recruitment. Summation relates to the increase in tension generated upon action potentials that arrive before the muscle can relax, resulting in increased force generation until maximum force is generated with a fused tetanus. Slow fibers achieve maximum force at lower nerve firing frequencies than fast fibers due to predominance of slow isoform sarcomeric and calcium handling proteins. [69] By a process of motor unit recruitment, groups of muscle fibers innervated by individual motor neurons are recruited in greater numbers and ascending order of size, enabling a single muscle to produce both delicate and explosive movements. [70] Finally, as explained by the sliding filament theory, [71] contractile force is also regulated by the muscle length where at optimal lengths the overlap of myosin and actin filaments within each sarcomere is maximal and permits greatest cross-bridge cycling.
Skeletal Muscle Regeneration
First identified by Mauro in 1961, [72] the ability of adult skeletal muscle to regenerate is dependent upon Pax7-expressing SCs that reside in niches beneath the basal lamina of myofibers. [73, 74] In healthy adult muscle, SCs are typically quiescent but become activated in response to injury and disturbance of the niche. [75] Satellite cell activation is characterized by a shift to a G1 proliferative state, [76] expression of Myf5, [77] phosphorylation of p38α/β mitogen-activated protein kinase, and consequent expression of MyoD. [78] Activated SCs divide asymmetrically and can adopt two fates: 1) retain Pax7 expression and return to a quiescent state to contribute to future muscle regeneration; or 2) commit to terminal muscle differentiation by losing Pax7 expression, upregulating myogenin, and fusing into damaged fibers or forming de novo fibers. [79] Importantly, the ability to retain regenerative ability is dependent upon asymmetric division and successful replenishment of the SC pool. [80, 81] In the last decade, the importance of additional cell types that support, enable, and regulate muscle regeneration has become more appreciated. Skeletal muscle regeneration is intricately regulated by the innate immune response, with deletion of monocytes completely preventing muscle regeneration. [82] The first stage of muscle regeneration is characterized by neutrophil infiltration that results in degradation of damaged muscle fibers. Concurrently, macrophages are recruited to damaged muscle and adopt an M1 phenotype that is characterized by proinflammatory cytokine secretion, which in turn promotes SC activation and proliferation. [83, 84] Macrophage polarization then shifts to an M2 macrophage phenotype, which is critical for the repair process as it shifts SCs toward differentiation. [85] Additional cell types such as fibroadipogenic progenitors also contribute to muscle regeneration by promoting myofiber formation through controlled ECM deposition and paracrine factors. [86, 87] The ability of skeletal muscle to regenerate is not infinite and can be overwhelmed by volumetric muscle loss following trauma or large volume tissue resection. In these cases, muscle is incapable of regenerating the affected region and is irreversibly replaced by a fibrotic scar. [88] Muscle regeneration is also impaired in aged or dystrophic muscle due, in part, to satellite cell dysfunction induced by telomere shortening and changes in the systemic milieu. [89] [90] [91] [92] Additionally, muscle fiber atrophy, loss of muscle fibers, decreased number and size of motor units, and increased fibrosis and fat accumulation all contribute to loss of function in aged and dystrophic muscle. [93] [94] [95] [96] 
Current Skeletal Muscle Tissue Engineering Methods
Need for Tissue-Engineered Skeletal Muscle
Traditionally, skeletal muscle biology has been studied using muscle biopsies from healthy or diseased individuals, animal models, or 2D cell culture experiments. While the use of human subjects and tissues is ideal, the type of studies that can be performed are limited by tissue availability and ethical considerations. To overcome this limitation, most studies have been performed in rodent models of muscle disease and increasingly in zebrafish and drosophila models. Use of these models has massively contributed to our understanding of muscle biology and pathology; however, the ability to accurately replicate severity of human disease and predict drug responses has been poor. [8, 97, 98] As an alternative to animal experiments, cell culture studies utilizing primary cells or immortalized cell lines, such as the murine C2C12 or rat L6 myoblasts, have been used for decades to study muscle biology. Traditionally, these cultures involve expanding myoblasts in a high-serum media and then inducing differentiation into myotubes by decreasing serum content. [99] The benefits of 2D cell culture are the ability to completely control the cell's microenvironment and perform rapid drug screening studies. However, traditional muscle cell cultures give rise to developmentally immature myotubes with limited physiological relevance. This functional immaturity is partly a result of using stiff substrates (glass, plastic) for cell growth and differentiation. In their seminal work, Engler et al. demonstrated that all cells are exquisitely sensitive to their physical environment (Figure 2) . [100] and that culture of myotubes on soft substrates with muscle-like (12-18 kPa) stiffness can improve myotube structure. [101] Furthermore, stiff substrates not only decrease muscle-specific gene expression but also result in detachment of spontaneously contractile myotubes, to greatly shorten culture duration. Using ECM proteins (e.g., entactin, matrigel) to enhance cell adhesion can alleviate this problem, [102] however, myotube contractions are still hindered by rigid 2D substrates that fail to reproduce the complex 3D environment of native muscle. Thus, the ability to engineer a biomimetic 3D muscle environment in vitro could overcome several limitations of traditional 2D cell culture systems. [103] As discussed below, 3D muscle cultures permit far longer culture times, [9, 104, 105] increased myotube size, [106] increased protein content, [106] and improved maturation of myosin heavy chain (MHC) gene expression compared to 2D cultures. [104] Importantly, engineered muscles enable the measurements of contractile function (i.e., muscle strength and fatigue resistance), which are more representative of in vivo muscle physiology and pathology than the sole changes in protein or gene expression, as typically assessed in 2D cell cultures. For a utility in preclinical drug development, 3D tissue-engineered muscle should: 1) be prepared from human cells, 2) replicate the structure, function, and regenerative capacity of native muscle, 3) accurately model phenotype of various congenital and acquired diseases, and 4) be amenable to miniaturization and online functional and metabolic monitoring for enhanced experimental throughput.
Biomaterials for Tissue Engineering of Skeletal Muscle
To engineer a functional muscle in vitro, the classical tissue engineering paradigm is to create a biomimetic microenvironment that provides cells with a tissue-specific ECM combined with the biochemical and mechanical signals that promote rapid tissue maturation and function. Specifically, optimal ECM should be not only biocompatible, but also contain a high surface area for cell adhesion, support mechanical integrity of the tissue, minimize diffusion distances, and degrade once there is no need for structural support. [107, 108] As described below, the most commonly used biomaterials for engineering skeletal muscle are native ECM proteins such as collagen, laminin, and fibrin. [99, 109] Alternatively, synthetic polymers such as poly-L-lactic, polylactic-glycolic, and polyurethane or decellularized muscles can be used as scaffolds for muscle tissue generation. [99, [110] [111] [112] [113] Traditionally, during tissue fabrication, undifferentiated myoblasts are embedded at high density in 3D scaffolds ( Figure 3A) , in which cellular forces exerted on the scaffold or scaffold topography provide alignment cues yielding accelerated
Adv. Healthcare Mater. 2018, 7, 1701498 Figure 2 . Stiffness regulates myogenic differentiation and maturation. A) Tissue-specific substrate stiffness regulates mesenchymal stem cells expression of neuronal cytoskeletal marker β3 tubulin (top), muscle transcription factor MyoD1 (middle), or osteoblast transcription factor CBFα1 (bottom). Reproduced with permission. [100] Copyright 2006, Cell Press. B) C2C12 myoblasts stained for sarcomeric MHC (green) and DAPI (blue) display improve structural maturation (cross-striations) when cultured on micropatterned collagen substrates with muscle-specific stiffness (8) (9) (10) (11) (12) . Reproduced with permission. [101] Copyright 2004, Rockefeller University Press.
myotube fusion and differentiation. [114, 115] Alternatively, in a scaffold-free approach ( Figure 3B ), myoblasts are differentiated into myotubes as 2D monolayers followed by their self-assembly into cylindrical tissues or free-floating tissue sheets. [116, 117] 
Collagen
The first 3D tissue-engineered muscle was produced by embedding predifferentiated avian myotubes in collagen I gel, [106] the most abundant ECM protein in native muscle. [49, 118] Okano and Vandenburgh groups further showed that mouse C2C12 myoblasts could also proliferate and differentiate within collagen hydrogels. [119] [120] [121] In each of these studies, the cell and hydrogel mixture were maintained under constant bulk tension between two anchor points that functioned to both increase myotube alignment and provide a growth stimulus. Compared to traditional 2D cell culture techniques, these studies demonstrated that the 3D environment permitted longer culture times, increased myotube size and protein content suggestive of a more mature muscle. Further studies have shown that embedding primary human or rodent myoblasts within collagen hydrogels also permits the formation of engineered muscle tissue. [122] [123] [124] While collagen I is the most abundant ECM component of native skeletal muscle, myofibers in healthy muscle directly interact with basal lamina proteins, which prompted approaches that supplement Matrigel (a commercially available basal lamina extract isolated from Engelbreth-Holm-Swarm tumors) at the time of tissue formation. Adding Matrigel to collagen hydrogels improved engineered muscle structure; [125] however, resulting low contractile forces indicated that high collagen content has adverse effects on muscle's functional maturation. [126] This is consistent with findings that fibrosis, in which collagen levels are highly elevated, is associated with poor regeneration and function of native muscle. [127] Furthermore, collagen I is not easily remodeled, does not stimulate endogenous ECM secretion, and may not provide the optimal stiffness for muscle differentiation. [128] Consequently, the collagen hydrogel is being used less frequently for engineering of functional skeletal muscle as superior ECM choices have been identified.
Fibrin
Fibrin is the major structural component of a blood clot that plays a vital role in the wound healing response where it is completely replaced over time by cell-synthesized ECM. [129] Unlike collagen, fibrin is a preferred matrix for tissue engineering of skeletal muscle due to its ability to be extensively remodeled, degraded, and replaced by endogenously derived ECM. [130] [131] [132] fibrin fibrils have a stiffness comparable to that of native muscle and several orders of magnitude lower than collagen fibrils. [133, 134] Fibrin also promotes angiogenesis and neurite extension, which is critical for the formation of a fully functional engineered muscle for in vivo applications. [135] [136] [137] [138] [139] The disadvantages of fibrin as a scaffold are lot-to-lot variability and variable degradation rate, which can be readily overcome by lot testing and control of fibrinolysis using cross-linkers or anti-fibrinolytic compounds such as aminocaproic acid and aprotinin. [140] The Dennis laboratory reported the first fibrin-based engineered skeletal muscles using a method where adult rat myogenic cells were plated on top of the fibrin hydrogel rather than embedded within the matrix. [141] The cells remodeled the fibrin and formed spontaneously contractile myotubes that generated specific forces greater than those reported for collagen gel-based muscle but still six to eight times lower than those of native adult muscle. The addition of Matrigel to the fibrin gel further increases force generation capability of engineered muscle. [126] Under similar conditions, high passive stiffness of collagen but not fibrin hydrogel induced premature rupturing of strongly contracting engineered muscle tissues providing further evidence for superiority of fibrin over collagen for muscle tissue engineering. [126] 
Scaffold-Free Self-Assembled Muscle Tissues
An alternative approach to use of hydrogels/scaffolds is to allow cells to secrete their own ECM and self-organize into a 3D tissue. The first self-organized engineered muscle used saran wrap as a cell culture substrate in combination with exogenous fibroblasts to secrete sufficient ECM to enable the tissue selfassembly. [142] This method was further improved by replacing saran wrap with laminin to generate functional engineered tissues termed myooids. [116] The longer time needed for aligned muscle formation (≈35 d), small tissue size, and challenges with scale-up have limited the utilization of this method compared to hydrogel-based methods. More rapid and directed myotube alignment and fusion have been reported by using micropatterned surfaces, resulting in improved muscle differentiation. [143] [144] [145] [146] Differentiating primary rat myoblasts on an aligned micropatterned surface prior to transfer to a thin fibrin gel increased force production compared to nonaligned controls. [147] More recently, unaligned cell sheets have been produced by co-culturing muscle cells and fibroblasts on the thermoresponsive polymer poly(N-isopropylacrylamide). [117] When sufficient ECM has been generated, cell sheets can be detached from culture plates by lowering temperature and layered with other muscle, vascular, or neuronal cell sheets to generate relatively thick tissue sheets. [117, 148, 149] To date, contractile forces of these tissues have not been reported.
Methods to Improve Engineered Muscle Function
Contractile Function of Engineered Muscle
Replicating the native adult muscle structure and function would require obtaining specific forces above 200 mN mm −2 and myofiber diameters of 50-100 µm. [150] All reported functional engineered muscle tissues demonstrate basic contractile physiological properties such as positive force-frequency and length-tension relationships; however, specific forces typically range from 0.4 to 20 mN mm −2 with myofiber diameters being less than 25 µm. [9, 116, 126, 141, 151] Notably, even when similar tissue-engineering methodologies are used, specific forces vary widely depending on the source of myogenic cells, increasing from C2C12, to human, to adult rat, to neonatal rat cells. [152] Engineered muscles also retain the contractile and metabolic phenotype specific to the muscle from which cells are isolated demonstrating that epigenetic differences in vivo are retained in vitro. [153, 154] The ability to engineer muscle with a particular fiber type is important for studying certain diseases such as Pompe disease, Duchenne muscular dystrophy (DMD), and sarcopenia that preferentially target fast muscle fibers. [155] [156] [157] Further improvements in contractile output of engineered muscle could be achieved by electrical and mechanical stimulation and improved nutrient delivery as outlined below.
Electrical Stimulation to Increase Engineered Muscle Function
Complete muscle development and maintenance of adult muscle mass and function requires functional innervation and electrochemical signals from motor neurons. In vitro, electrical field stimulation is usually applied to engineered muscle tissues as a surrogate for neuronal activity, whereby optimized pulse width and energy to minimize muscle damage can allow chronic stimulation over multiple weeks of culture. [154, 158, 159] Two-week electrical stimulation to mimic the neuronal inputs into slow or fast muscles shifted the kinetic phenotype of engineered muscle to slow or fast type, but shifts in MHC isoforms were not achieved. [154] On the other hand, replicating the adult muscle soleus innervation by inducing tetanic contractions for longer than 60 s yielded a shift from a fast to a slow muscle phenotype at MHC level. [47, 159] Overall, while electrical or optogenetic stimulation of engineered muscle yields both a two to threefold increase in force generation and measurable increases in cellular protein content, [160] it does not appear to significantly advance the maturation of myofibers beyond embryonic/neonatal phenotype. This prompted studies that explored potential maturation benefits of motoneurons and neuromuscular junction formation beyond electrical input. Specifically, treatment of engineered muscle with the synaptogenic molecule agrin promoted acetylcholine receptor formation and clustering and doubled contractile force generation. [161] Co-culture with motor neurons or spinal cord explants resulted in the formation of immature neuromuscular junctions and improved both the structure and force generation of engineered muscle. [162] [163] [164] Nevertheless, the observed enhancement in contractile strength does not appear to coincide with a significant shift to adult-like MHC profile or increased myofiber size.
While the focus on engineered muscle innervation in vitro has primarily surrounded motor input, skeletal muscle also possesses intrafusal spindle fibers and sensory motoneurons that regulate proprioception and reflex initiation, forming a feedback system that is essential for regulating motor input. Using primary human myoblasts, intrafusal fibers can be generated in a defined serum-free media that yields classical intrafusal fiber morphology and protein expression. [165, 166] When co-cultured with proprioceptive sensory neurons derived from human neuroprogenitors, intrafusal fibers can support the formation of mechanosensory-like nerve terminal structures. Importantly, electrophysiological studies in this system demonstrated repetitive firing patterns characteristic of functional sensory innervation in vivo. [165] These models are promising new tools for studying human proprioception but true validation of their functionality in response to changes in fiber length and tension have yet to be reported.
Mechanical Stimulation to Increase Engineered Muscle Function
Skeletal muscle is highly adaptive to changes in mechanical tension and loading during both embryonic development and adulthood. During embryonic growth, skeletal muscle undergoes continuous passive stretch that is essential for muscle development. In vitro modeling of this process using continuous ramp stretch induces the secretion of the IGF-1 splice variant, mechano-growth factor, that may promote tissue maturation. [167, 168] In adult muscle, the absence or reduction in passive tension via hindlimb unloading or spaceflight induces significant muscle atrophy. [169] Similarly, decreasing engineered muscle tension by shortening its length yields significant myofiber atrophy and loss of contractile strength. [170] Vandenburgh and co-workers were first to demonstrate that cyclic loading induces muscle hypertrophy and increase in protein and DNA content. [122, [171] [172] [173] Several studies since then have investigated the effect of cyclic stretch on engineered muscle, showing equivocal effects on tissue function and differentiation. [174] [175] [176] The wide range of protocols performed in different culture systems and different cell differentiation stages as well as the lack of direct comparisons across different methods has made interpretation of these studies difficult. Regardless, similar to use of electrical stimulation alone, no breakthroughs in myofiber size or force generation have been reported with use of mechanical stimulation alone or its combination with electrical stimulation. [113] 
Increasing Nutrient Delivery to Engineered Muscle
A long-pursued goal of tissue engineering has been to provide tissues with sufficient oxygen and nutrients to maintain their function and support increasing energy demands during growth and maturation. This is of critical importance for engineering metabolically active skeletal muscle tissues where oxygen diffusion in vitro is typically limited to 100-150 µm, [177] beyond which necrotic core is formed at the tissue center. [120] Alterations in tissue architecture by generating smaller tissues or incorporating pores to minimize diffusion distances significantly increases tissue function (Figure 4) . [115, 178] Similarly, supplementing culture media with the synthetic oxygen carrier, perfluorocarbon, increases oxygen tension and differentiation of engineered muscle. [179] Alternatively, oxygen and nutrient delivery to tissues can be improved by dynamic culture in which media is displaced or agitated to improve mass transfer around the tissue. [180] In engineered skeletal and cardiac muscle tissues, dynamic culture on a rocking platform significantly increased force generation and improves overall tissue organization, [181] [182] [183] yielding engineered neonatal rat muscles with the highest specific forces reported to date and comparable to those of native neonatal muscle. [151] While dynamic culture conditions are a cheap, simple, and effective method to increase nutrient delivery in media volumes greater than 1 mL, the miniaturized organ-on-a-chip models with small media volume will require the use of microfluidic perfusion systems to both enhance nutrient delivery to engineered Methods to increase nutrient delivery to engineered muscle. A) Representative image of a larger-scale engineered muscle bundle that leads to the formation of necrotic core. Reproduced with permission. [126] Copyright 2011, Elsevier. B) Miniaturization of muscle bundle from (A) to eliminate necrotic core formation. Reproduced with permission. [9] Copyright 2015, eLife Sciences Publications. C) Network patch configuration diminishes diffusion distances and increases nutrient delivery to engineered muscle. Reproduced with permission. [115] Copyright 2009, Elsevier. D) Schematic of dynamic culture whereby media displacement increases nutrient supply to engineered muscle. E) Dynamic culture (Dyn, bottom panel) of engineered muscle bundles increases cross-sectional muscle mass (F-actin, green) compared to static (Stat) culture. Reproduced with permission. [181] Copyright 2014, Elsevier. F) Dynamically cultured tissues of size show in (B) display cross-sectional area uniformly filled with myotubes (F-actin, green). muscle and enable paracrine communication among multiple microtissues/organs. [184, 185] In vivo, nutrient delivery to skeletal muscle is achieved via the dense vascular system. Attempts to generate vascularized engineered muscle in vitro have been hampered by the different culture media required to maintain endothelial cells (ECs) and muscle cells in culture and interference of ECs with myoblast fusion. [186] Using C2C12 and human umbilical vein endothelial cells (HUVECs), it was shown that addition of a supporting fibroblast cell population enhanced formation of vascular lumen structures in vitro and that increasing culture time prior to implantation increased vessel density and accelerated implant perfusion and anastomosis with host vasculature in vivo. [112, 187] A recent study showed that co-culture of C2C12 muscle bundles and HUVEC vascular bundles increased both muscle force production and vascular sprouting and lumen formation, suggesting a beneficial paracrine cross-talk between the two cell types, [188] which remains to be validated with human muscle cells. Importantly, the ability of the formed vascular networks to increase nutrient and oxygen delivery and enable survival of larger muscle constructs in vitro has yet to be shown.
Engineering Regenerative Muscle Tissues
Studies of skeletal muscle in vitro usually involve the isolation and expansion of primary myogenic progenitors followed by their differentiation into multinucleated myotubes. Myogenic progenitor isolation is performed either by enzymatic digestion or cell outgrowth from muscle fibers. [99] Regardless of the isolation method, obtained satellite cells cultured in vitro rapidly activate, express the myogenic transcription factor MyoD, and enter the cell cycle. [189] While the proliferation and expansion of satellite cells is desired, the rapid loss of SC identity and selfrenewal with time of culture prevents the ability to accurately study their function in vitro over prolonged periods. [190] [191] [192] A very small fraction of the in vitro expanded SCs that retain native-like characteristics are slow-dividing and when injected in vivo show good engraftment and re-population of the satellite cell niche. However, the rare occurrence of these cells precludes their use as a cell source for tissue engineering or cellular therapy necessitating alternative isolation methods for maintenance of SC identity and function.
A fundamental question in skeletal muscle cell culture is why satellite cells become rapidly activated and lose engraftment ability following in vitro culture. [193] One of the first factors identified is the role of substrate stiffness, with SCs cultured on gels with muscle-like stiffness retaining significantly higher engraftment ability after short-term expansion. [194] Adequate stiffness alone cannot help retain full engraftment potential of SCs, suggesting that other factors contribute to the loss of myogenic potential. A second factor regulating SC activation is metabolism, with glycolysis favoring SC activation and MyoD expression in a SIRT1 dependent manner, [195] with use of galactose media delaying and minimizing the expression of MyoD by decreasing glycolysis and SIRT1 activation. A third factor regulating SC activation is the activation of p38 MAPK, which is responsible for MyoD induction and is elevated in aged muscle. [196, 197] Small molecule inhibition of p38 MAPK improves the engraftment ability of cultured SCs derived from aged mice or human muscle biopsies. [198, 199] While these approaches have minimized activation of SCs, the SCs still proliferate and are not deactivated and returned to a quiescent state in vitro. Recently, human SC quiescence was achieved for 3 d on collagen I fibers coated with laminin and integrin α4β1 in a five-factor serum-free media. [200] The cells showed superior engraftment in vivo compared to traditional expansion methods, but the media could still not induce quiescence of activated SCs, which would be required for cell therapy and engineered tissue approaches to study muscle regeneration.
Furthermore, while the above studies have shown that a select population of expanded muscle progenitors can retain engraftment and myogenic potential in vivo, there has been little evidence for the regenerative ability of these cells in vitro. Through a combination of short-term expansion on matrigelcoated surface and dynamic 3D culture, significant numbers of neonatal rat satellite cells were retained within an SC-like niche in engineered muscle tissues ( Figure 5) . [151] These SCs displayed two native functional properties: 1) continual fusion into myotubes over a four week culture period as seen during postnatal development, and 2) the ability to contribute to muscle regeneration following cardiotoxin (CTX) injury in vitro. In response to CTX, a snake toxin typically used for in vivo muscle regeneration studies, significant myotube injury and death resulted in a loss of force generation ( Figure 5) . Remarkably, over a period of 10 d, both the contractile function and muscle mass returned to preinjury levels, while MRFs exhibited spatiotemporal expression profiles typical of muscle regeneration in vivo. Importantly, both pre and postinjury, a large population of the Ki67 -SCs were found to reside within native-like niches, suggesting attainment of a quiescent state. While this study represents a key advance in demonstrating the ability of satellite cells to maintain functionality in vitro, it utilized cells that were derived from neonatal rat muscles and only expanded for 2 d before tissue fabrication. Thus, this approach remains to be extended to adult rodent and human cells and, ideally, include significant cell expansion in vitro.
Disease Modeling with Engineered Human Muscle
Congenital skeletal muscle diseases (myopathies) can develop due to a wide range of genetic mutations that often effect the contractile or metabolic apparatus of muscle cells. Traditionally, myopathies have been modeled in vivo using genetically modified animals that have significantly contributed to the mechanistic understanding of disease, but often fail to fully replicate human pathology. For example, animal models are often generated by complete knockout of the gene of interest, while corresponding human diseases do not completely lack the underlying protein but have a truncated or nonfunctional form. Second, a broad range of mutations can cause the same disease in humans that cannot be rapidly generated in mice. Third, the severity of disease can be modulated in a patientspecific fashion by disease modifiers located in other genes, while studies in mice are usually performed in a single genetic background. [201] [202] [203] Fourth, animal models typically only replicate certain aspects of human disease, with the severity, tissues affected, and onset of disease potentially differing from that in humans. [97] Fifth, the majority of drugs identified to work in animals fail to translate to the clinic due to differential toxicity between animal species. [8] Engineering functional muscle from a patient's cells has the potential to overcome some of these limitations and lead to a new era of personalized medicine. Ideally, this could be achieved by: 1) having access to an abundant patient-specific cell source from which to generate engineered muscle, 2) being able to replicate most or all clinically relevant aspects of disease in vitro, and 3) identifying new drugs that will translate to clinic more efficiently than use of current animal models.
Induced Pluripotent Stem Cells as a Source for Muscle Tissue Engineering
A recent report on the first engineering of functional human skeletal muscle tissues using primary myogenic cells isolated from healthy donor muscle biopsies [9] represents an important step toward our ability to study pharmacological and physiological responses of diseased human muscle in vitro. Still, the use of primary engineered muscle tissues for disease modeling may encounter the ethical concerns and difficulties with obtaining muscle biopsies from patients with debilitating muscle diseases. The hiPSC technology, on the other hand, offers the possibility for generating skeletal muscle tissues from an unlimited source of cells derived from patients' blood or skin samples. Combined with the rapid progress in genome engineering techniques, [204] [205] [206] hiPSC lines can be derived to permit direct comparison among various disease mutations in an isogenic background. Thus, generation of functional skeletal muscle cells and tissues from pluripotent stem cells has been actively pursued by researchers in the field for both in vitro and potential in vivo applications, as outlined below.
MyoD Overexpression
Seminal studies by Constantinides et al. more than 40 years ago have shown that fibroblasts can be converted to muscle cells by treatment with demethylating agent 5-azacytidine. [207] A decade later, it was shown that this conversion was due to the activation of the transcription factor MyoD, with overexpression of MyoD alone also converting fibroblasts to muscle cells. [208, 209] When tested in different tissue-specific cells, myogenic differentiation only occurred in some cell types demonstrating that a specific genetic landscape is required for transdifferentiation ( Table 1) . Overexpression of MyoD in mouse embryonic stem cells also generated myoblasts and myotubes but only after embryoid body (EB) formation, [210, 211] a step in which pluripotent stem cells spontaneously differentiate into the three germ layers, [212] with a subset of cells further differentiating into the paraxial mesoderm. [213] Similar findings have been reported for human ESCs, where inducible MyoD overexpression generated skeletal muscle cells only following EB formation. [214] [215] [216] Recently, the use of a PiggyBac transposon system to overexpress MyoD directly reprogramed undifferentiated iPSCs into myoblasts without the need for EB formation or paraxial mesoderm differentiation. [217] Underlying mechanisms are unclear, but the high and stable expression of MyoD transgene may be required. In support, daily transfections of high levels of synthetic MyoD mRNA also enabled direct myogenic differentiation of iPSCs, [218] albeit at lower efficiency (≈40%) than the PiggyBac transposon system (70-90%). MyoD overexpression in hiPSCs has since (1-4 weeks). E) Representative images of engineered muscle structure and Pax7 + cell dynamics and F) corresponding quantification of myogenic transcription factors, muscle differentiation markers, and muscle function demonstrating robust regenerative response after cardiotoxin injury in vitro (6 h to 10 d post-CTX). Reproduced with permission. [151] Copyright 2014, Elsevier. been used to generate muscle cells from patients with Duchenne muscular dystrophy, [219, 220] Miyoshi myopathy, [217] carnitine palmitoyltransferase-II deficiency, [221] and Pompe disease. [222] [223] [224] [225] Encouragingly, generated muscle cells from iPSCs exhibited some of typical disease features including impaired calcium handling, impaired membrane resealing, and greater glycogen accumulation ( Table 2) . However, the MyoD overexpression system does not yield expandable progenitors or satellite cells, which precludes its use for accurate in vitro modeling of muscle regeneration. Additionally, MyoD-overexpressed iPSCs can engraft in myofibers in vivo, [226] but they do not repopulate SC niche, thus having a limited therapeutic prospect.
Pax3/Pax7 Overexpression
During embryonic muscle development and adult muscle regeneration, expressions of Pax3 and Pax7, respectively, precede that of MyoD. Thus, to better mimic muscle development, the Perlingeiro lab was the first to generate MPCs by doxycycline-inducible expression of Pax3 in ESC-derived EBs. [227] Induction of Pax3 permitted generation of early myogenic progenitors with high Myf5 but low MyoD and Myogenin expression that could be differentiated into multinucleated myotubes. In vivo implantation of MPCs required selection of a PDGR + /FLK − cell fraction to avoid teratoma formation and yielded improved muscle function in a mouse model of Duchenne muscular dystrophy (mdx mice). Further studies demonstrated that muscle progenitors could be derived via inducible Pax3 or Pax7 overexpression from mouse or human ES and iPS cells with no difference in ability to generate MPCs, engraft in vivo, improve force generation in mdx mice, and contribute to regeneration after multiple muscle injuries. [228, 229] Unlike MyoD-reprogramed iPSCs, Pax3/7 induced MPCs can repopulate SC niches in vivo; however, the need to generate EBs, use of serum, low differentiation efficiency, and requirement for lentiviral transduction may limit the potential clinical translation of this system in the future.
Small Molecule Differentiation/Transgene-Free Methods
While the transgenic reprogramming methods to generate skeletal muscle cells from hiPSCs show promise for studying and treating muscle diseases, they involve random genomic integration that can induce uncontrolled epigenetic modifications and heterogeneity in isogenic cultures. Thus, developmentally based, transgene-free, small molecule differentiation (SMD) protocols for generation of skeletal muscle cells have been pursued by various researchers in the field. Initial reports using mouse ESCs demonstrated spontaneous muscle development with correct temporal MRF expression and formation of multinucleated myotubes within EBs. [230] More recently, PDGFRα positive cells were isolated from human EBs and shown to be able to expand and generate myotubes in vitro and survive in vivo. [214] Since lineage specification in EBs is difficult to control and the differentiation efficiency is serum and cell line dependent, the EB-based methods are increasingly being replaced by monolayer-based differentiation protocols.
The first stage of SMD in hiPSC monolayers is the stepwise induction of late primitive streak, mesoderm, and paraxial mesoderm lineages (Figure 1) . [16] For induction of mesoderm progenitors, the roles of FGF, insulin, Wnt, BMP, and activin signaling have been extensively characterized for their ability to induce the pan-mesodermal marker T and generate various mesoderm subpopulations. [231] Late primitive streak progenitors are initially induced with activin, FGF, and a PI3K inhibitor, followed by Wnt activation through GSK3 inhibition to generate paraxial mesoderm. [232] Small molecule drug screens in Mesogenin1 and Tbx6 reporter lines of paraxial mesoderm [11, 233] have further revealed that the GSK3 inhibition or Wnt activation can generate paraxial mesoderm without late primitive streak induction, although BMP4 may also need to be inhibited to prevent spontaneous transition to the lateral plate mesoderm. [11] Despite the use of similar small molecules to generate paraxial mesoderm, the concentrations and exposure times differ between laboratories and likely need to be tailored to specific cell lines. [10, 11, 233, 234] Interestingly, relative to other GSK3 inhibitors, CHIR99021 has been the most effective inducer of paraxial mesoderm. [233] However, the precise molecular mechanisms that underlie its effectiveness are still not fully understood.
Despite robust methods for induction of paraxial mesoderm, transition of these cells into muscle progenitors still represents a challenge as spontaneous transition to Pax3 + cells occurs with Table 2 . Summary of disease models using human muscle cells. Compilation of published works using human cells to study muscle diseases listed in chronological order. For each study, key parameters including cell type (iPSC-MyoD indicates MyoD overexpression; iPSC-SMD indicates small molecule differentiation; and primary cells), culture method, disease modeled (LGMD2B, Limb girdle muscular dystrophy 2B; CPT-II, carnitine palmitoyltransferase II; DMD, Duchenne muscular dystrophy; BMD, Becker muscular dystrophy), reported phenotype (CK, creatine kinase; GAA, acid alpha-glucosidase), treatment or correction tested (AON, antisense oligonucleotides; HAC, human artificial chromosome; TFEB, transcription factor EB), and observed therapeutic effects have been shown. [224] Ipsc -SMD 2D Pompe Decreased GAA transcript and enzyme activity
AONs for exon 2 inclusion
Increased GAA activity up to 3.3-fold, no change in lysosome size or accumulation variable and relatively low efficiency. [10, 11, 234, 235] Growth factors such as bFGF, HGF, and EGF have been thus added to expansion media to maximize myogenic proliferation and minimize premature differentiation in an attempt to generate high numbers of Pax3 + and Pax7 + cells. Recently, a small molecule screen identified GSK3-β inhibition, bFGF, and forskolin as a cocktail to efficiently induce hiPSCs to skeletal muscle cells. [236] The most efficient muscle differentiation from pluripotent stem cells was reported when hESCs were sequentially treated with: 1) muscle induction media to generate 80% Pax3 + cells and 20% Pax7 + cells in 10 d, 2) a myoblast expansion media (containing Alk4, 5 and 7 inhibitor, PDGF, bFGF, oncostatin, and IGF-1) that increased myogenic commitment to 50-60% MyoD positive cells, and 3) a final media supplemented with insulin, necrosulfonamide (to decrease cell death), oncostatin, and ascorbic acid to induce terminal muscle differentiation. [235] Alternatively, timed inhibition of Notch signaling known to promote myogenic commitment of presomitic mesoderm progenitors was used to increase the proportion of MyoD cells; however, the maturity of the resulting myotubes appeared to be inferior to other SMD methods. [233] One disadvantage of the transgene-free protocols is that they generate a heterogeneous population of cells consisting of Pax7 + /Myf5 + muscle progenitors, committed MyoD + myogenic cells, and terminally differentiated myogenin + /MyHC + cells. The ideal protocol would however generate a pure population of progenitor cells resembling native satellite cells. To address this issue, several studies have identified cell surface markers to purify muscle progenitors capable of further expansion in vitro, including CD73 + , [237] PDGFR + /FLK − , [227] and cMET + / CXCR4 + /ACHR + selection. [234] More recently, a screen of over 300 cell surface markers identified CD82 and CD318 as novel cell surface markers of SCs in human skeletal muscle. [238] By RNA-Seq comparison of hPSCs with and without Pax7 overexpression, CD54, integrin α 9 β 1 , and syndecan 2 (SDC2) were identified and validated as cell surface markers for Pax7 + progenitors. [239] These cells were capable of contributing to muscle regeneration in vivo but their ability to be expanded in vitro was not demonstrated. Overall, the above studies indicate that iPSC-derived MPCs may have specific surface markers different from well-known primary myogenic cell markers, such as CD56, [239] although dual CD56 + /CD57 − selection was able to robustly enrich for hiPSC-derived myogenic progenitors. [233] 
Modeling DMD In Vitro
To date, the only reported genetic disease model studied using 3D engineered muscle tissues has been DMD, an X-linked recessive disease that affects ≈1 in 5000 live births. [240] DMD is characterized by mutations in dystrophin gene leading to severe muscle weakness, loss of ambulation by age 11 to 12, and premature death in the late 20s to early 30s. [241] More than 4000 mutations have been identified in the DMD gene, with the majority comprising of exon deletions (≈68%) or duplications (≈11%) that result in fame-shift mutations and premature translation termination. [242, 243] The severity of the DMD phenotype and efficacy of pharmacological treatments is significantly impacted by gene modifiers, [202] with effectors of TGF-beta signaling strongly implicated with disease progression. [201, 203, 244, 245] Together, the wide range of mutations and strong effects of gene modifiers on disease severity and response to treatment would greatly benefit from the use of patient-specific engineered muscle tissues to effectively model the disease and develop personalized therapeutic approaches.
The first tissue-engineered muscle model of DMD was generated by embedding immortalized cells derived from the mdx mouse in a collagen gel. [246] The 31 drugs reported to improve function in the mdx mouse model or DMD patients were then tested for their ability to enhance force generation in engineered tissues, of which 11 drugs showed positive effects including clinically used prednisolone and deflazacort. Though promising, the treatments were only performed for 3-4 d and the 11 identified drugs also increased force generation in healthy control tissues, suggesting that the force increase may stem from increased differentiation and maturation of the myotubes and not a disease-specific effect that may be clinically relevant. Recently, primary human DMD myoblasts were shown to exhibit decreased alignment on microtopographic cues, which likely contributed to their reduced fusion, smaller myotube size, and weaker contractions compared healthy myoblasts. [247] Still, histopathological and functional features of a more advanced DMD phenotype such as myofiber branching and hypercontractions, fibrosis and lipid accumulation, and increased membrane permeability and susceptibility to injury have not been demonstrated. An important consideration for studying DMD in vitro is that significant membrane-bound expression of dystrophin occurs only in mature myotubes, and is yet to be reported in human cells in vitro. [248] Therefore, achieving advanced structural and functional maturation in engineered human muscle tissues will be critical for the ability to perform in vitro predictive screening of candidate therapies for DMD.
While the above studies have utilized primary myogenic cells from mice or humans, most future studies will utilize hiPSCs due to the ethical concerns associated with obtaining DMD muscle biopsies. Recently, myotubes differentiated from DMD hiPSCs have been shown to exhibit several disease-related features including impaired calcium handling, increased creatine kinase release, and branched myotube morphology. [11, 219, 233] By applying DNA microarray analysis to hiPSC-derived myotubes generated from five DMD patients, Choi et al. [233] have demonstrated increased TGFβ signaling in all five lines, as well as patient-dependent variation in the expression of osteopontin, a potent genetic modified or disease severity. Moreover, myotube formation was significantly impaired in all DMD lines and could be partially restored in certain donors by dual Smad inhibition suggesting that patient-specific therapeutic responses could be identified using this system. While this platform holds promise for future personalized medicine applications, the efficiency of myotube formation was extremely low, requiring caution when extrapolating the results to clinical setting.
Using Genome Editing and Tissue Engineering to Study and Treat DMD
TALEN and CRISPR-Cas9 are genome editing tools that can induce permanent modifications to the dystrophin gene to maintain the open reading frame and thus theoretically do not need lifelong repeated treatments. In DMD hiPSCs, it was demonstrated that both TALEN or CRISPR mediated exon skipping could restore dystrophin protein levels with minimal off-site effects and that corrected clones with minimal mutational load could be selected for potential future in vivo applications. [249] Tissue engineering offers benefits in testing the efficacy of different genome correction methods as shown using a functionally deficient, engineered DMD cardiac tissue model made of hiPSCs in which exons 8-9 were deleted by CRISPR-Cas9. [250] Three different exon-deletion strategies were then tested for their ability to restore the open reading frame of dystrophin and rescue deficit in contractile function. It was found that different approaches had significantly different effects, with exon 3-7 deletion being most efficient in restoring cardiomyocyte functionality close to that of control unedited tissues. Similar approaches could be applied to functional hiPSC-derived engineered muscle tissues, once methods for their fabrication are developed.
Using Engineered Muscle Tissues to Improve Drug Screening Fidelity
For several decades cell culture models have been used in drug screening assays to identify novel therapeutic candidates, which were then tested in small and large animal models. However, only 10% of drugs that pass preclinical animal tests are eventually used clinically due to unforeseen drug toxicity or insufficient therapeutic benefits, resulting in an average drug development cost of ≈1 billion dollars. [8, 251, 252] Culturing human cancer cells in a 3D microenvironment has been shown to yield more predictive drug screening assays than use of 2D cultures or animal models, suggesting that 3D human tissue models may be able to better model clinical drug responses. [253, 254] For skeletal muscle, desired drug response would likely include improved contractile function and/or tissue regeneration. In 2D cultures, these outcomes can only be measured indirectly via expression of differentiation marker levels, fusion index, or cell viability. The potential to improve cell maturation within 3D culture environment, [9] measure contractile function, and study SC-based muscle regeneration [151] renders 3D engineered human muscle tissues particularly attractive for in vitro screening of drug toxicity and efficacy.
Of specific importance for potential drug development applications is the fact that human engineered muscle tissues appear to behave like native tissues in response to known myotoxic or mitochondrial toxic drugs. [9, 255] Unforeseen mitochondrial toxicity is the most common cause for failure of candidate drugs identified from in vitro drug screens in preclinical animal models. [256] This can be attributed to the Crabtree effect, [257] where in vitro cultured cells typically utilize glycolysis to generate ATP despite the presence of abundant oxygen and functional mitochondria. [258] The Crabtree effect can be circumvented by replacing glucose in the cell culture media with galactose, which decreases energy obtained from glycolysis and forces cells to rely on oxidative phosphorylation to meet their energy demands. [259] A hallmark of Type II diabetes is impaired oxidative metabolism, which in 2D cultures was only seen when myotubes were grown in galactose media. [260] While there have been no reports on growing engineered muscles tissues in galactose, use of 25 × 10 −3 m glucose increases force generation of engineered muscle compared to 5 × 10 −3 m glucose. [261] The conventional paradigm for improving engineered muscles is to increase their force generation, but this clearly should be achieved while best maintaining physiological conditions. Future cell culture media will likely undergo modifications to better mimic human plasma composition and to allow serumfree culture, both of which should generate more predictive drug responses in vitro and improve reproducibility among different laboratories. [262] [263] [264] [265] [266] In addition to improved sensitivity to mitochondrial toxicity, optimal drug screening assays should also model complex organ-organ interactions that ultimately govern drug metabolism and toxicity in the body. Recent advances in organ-on-achip technologies can allow multiple engineered tissue types to be multiplexed by: 1) direct coupling via microfluidic flow or 2) functional coupling via sequential culturing and transferring media from one tissue type to another. Direct coupling better replicates the in vivo milieu but considerations such as organ-specific flow rates, rapid accumulation of metabolic waste, and the requirement of a common media for all organs pose significant technical challenges. [267, 268] Direct coupling has been achieved with three to four organs, [269, 270] including one system that incorporated skeletal muscle, cardiac muscle, liver, and neuronal tissues and demonstrated expected responses to known toxic drugs. [271] The benefit of these microphysiological platforms for identifying unexpected drug toxicity was shown in a system integrating the heart, lung, and liver, whereby adding bleomycin to cardiomyocytes alone showed no toxic effect, but coupling with the lung resulted in severe cardiomyocyte toxicity. [270] Additionally, functional coupling of hepatocytes and skeletal muscle demonstrated that liver tissues could prevent the potent myotoxic effects of terfenadine, an anti-histamine known to have cardiac arrhythmogenic effects. [272] Improved predictive capacity in future studies will require addition of other tissue-engineered organs, including the gut and intestine to model first-pass metabolism that regulates the concentration and chemical form of any drug that enters the bloodstream. [273] 
Current and Future Applications of Engineered Muscle Tissues
Compared to the traditional monolayers, 3D engineered muscle tissues offer the possibility for longer-term culture, improved cell maturation, and ability to measure functional outcomes. For these reasons, engineered muscle is the current gold standard for in vitro studies of human skeletal muscle function, development, and disease. Importantly, the ability to generate large numbers of miniaturized functional skeletal muscle tissues from patient-specific cells that respond to pharmacological interventions in a comparable manner to native muscle has the potential to start a new era of personalized medicine. For example, a patient requiring pharmacological treatment or gene therapy could have skeletal muscle microtissues engineered from a primary biopsy or iPSCs and utilized in a high-throughput functional screen to identify best therapeutic options (Figure 6) . Nevertheless, the future use of engineered muscle tissues for high-fidelity preclinical drug screening studies awaits the development of improved methods to: 1) expand primary human satellite cells in vitro without loss of self-renewing or myogenic capacity and 2) increase efficacy of generating hiPSC-derived Pax7 + progenitors via small molecule differentiation and surface marker purification. Additionally, human engineered muscles must be significantly matured in vitro to achieve an adult-like phenotype, while their regenerative capacity must be verified in response to single and repeated muscle injuries. While significant advances toward overcoming these challenges have been already made through the combination of unique engineering approaches and improved understanding of underlying biology, it is important to recognize that the native muscle development in humans takes many years. Therefore, the ability to generate engineered human muscle tissues with stable adult-like structure, function, and metabolism will likely pose many unforeseen challenges and may require unconventional and potentially nonbiomimetic approaches to ultimately achieve the success.
Furthermore, methods to integrate multiple human microtissues on the same platform will be essential to better replicate the intricate organ-organ cross-talk and will require the development of a "universal" culture media that simultaneously supports maturation and function of multiple tissue types. Ideally, this media should also be serum-free and promote oxidative metabolism to negate the Crabtree effect. In addition to standardization of cell and tissue preparation and culture conditions, pharmacological studies in hiPSC-based microphysiological systems must undergo frequent quality control. Recent studies have demonstrated that hiPSCs accumulate large and varied numbers of mitochondrial mutations within clones of the same isogenic lineage that can significantly impact mitochondrial function. [274, 275] Resulting changes in cellular respiration would adversely affect engineered muscle function and outcomes of drug studies, and thus require frequent screening of mitochondrial DNA and metabolic function to prevent such issues.
Given the heterogeneous nature of mutations, multiple clones from each hiPSC line should be pretested for resultant muscle function and robust guidelines established to ensure reproducibility and efficacy of the screening procedures.
The above advances in human muscle cell culture are also expected to promote the development of regenerative therapies for muscle disease and injury. Recently, freshly isolated satellite and endothelial cells were embedded within a hydrogel and after bioreactor culture for 24 h implanted into a murine model of VML injury. [276] When combined with chronic exercise, this treatment yielded partial innervation of grafted muscle and improved host function. Similarly, hiPSC-derived muscle cells and mesoangioblasts improved muscle function when implanted in dystrophic mice, thus suggesting that muscle progenitor cell delivery can induce therapeutic benefits in small animal models. [227, 229, 277] Significant scale-up of myogenic cell numbers by robust expansion of primary SCs or generation of hiPSC-derived progenitors may pave the way for testing these approaches in larger animals and clinics. On the other hand, therapies utilizing mature functional engineered muscle tissues face a significantly larger number of challenges. Fundamental issues with efficient restoration of SC niche, tissue prevascularization without functional loss, rapid anastomosis with host vasculature, and functional innervation upon implantation need to be all addressed before considering potential for translation. [109, 278] 
Conclusion
In this report, we have highlighted the considerable progress that has been made in the fields of skeletal muscle tissue engineering and stem cell biology. These advances have provided researchers with novel tools and models with which to study and treat human muscle disease. Future progress in pluripotent stem cell and genome editing technologies and development of high-fidelity human multiorgan microphysiological Figure 6 . Potential use of engineered muscle tissues for personalized medicine applications. Tissue biopsies taken from a patient can be made into engineered muscle tissues via primary myoblast or hiPSC-based technologies and different pharmaceutical or gene therapy strategies can be rapidly tested for safety and efficacy in vitro. Upon identification and further testing in animal models in vivo and/or human multiorgan body-on-a-chip models in vitro, the candidate therapy can undergo ultimate validation in clinical studies.
systems are expected to further accelerate basic discoveries and translational efforts, ultimately benefiting millions of muscle disease patients worldwide.
